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Abstract
A new method is presented for the separation of cells from a marine sediment matrix. Different methods and
reagents were tested for detaching microbial cells from sediment particles; the highest yields were achieved in
a solution of EDTA, Tween 80, sodium-pyrophosphate, and methanol plus gentle ultrasonic treatment, followed
by density centrifugation through a cushion of Nycodenz. If present, carbonates were dissolved before extraction. Comparison with untreated sediments and pure cultures verified that this technique minimizes cell lysis.
The new procedure was tested on seafloor sediment from several locations and water depths (<1 to >4000 m)
and subseafloor sediment from the Arctic Ocean (IODP Expedition 302). Cell extraction efficiency was relatively
high (65% to 100%) and consistent for each sediment type, with significantly (P < 0.01) lower variability of
counts of separated cells compared with conventional counts on slurried sediments. Concentrating cells before
enumeration allows for a much lower minimum detection limit and lower uncertainty than the conventional
approach of simply slurrying sediment. Resolving relatively small differences in the distribution of microorganisms will allow for comparisons to other parameters (porewater chemistry, lithology, etc). Additionally, this
method has potential for the use of molecular techniques that were previously difficult owing to coelution of
interfering compounds from the sediment matrix.

Introduction
A large fraction of Earth’s biomass resides within deep subseafloor sediment (Parkes et al. 2000; Whitman et al. 1998).
These active (Biddle et al. 2006; Schippers et al. 2005) and
diverse (Inagaki et al. 2006; Kormas et al. 2003; Sørensen et al.
2006) communities of Bacteria and Archaea have been shown
to exist at depths as great as 800 meters below the seafloor
(mbsf) (Parkes et al. 2000; Zink et al. 2003) and potentially
exist deeper. Recent studies have shown that the microbial
communities in subsurface environments are more physiologically and phylogenetically complex than previously thought
(Amend and Teske 2005; D’Hondt et al. 2004) and play an
important role in biogeochemical cycles (D’Hondt et al. 2002;
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Parkes et al. 1994). Quantifying the distribution of cells and
being able to physically isolate them is fundamental to understanding these ecosystems.
The enumeration of cells in marine sediment samples presents a major challenge. Existing methods have detection limits that are above the cell abundances of a large fraction of the
ocean’s sediments and also have relatively high uncertainties.
This places severe limitations on the study of this major portion of Earth’s biosphere. To overcome this problem, we have
developed a procedure for extracting cells from sediment that
enables the determination of cell abundances with high sensitivity and precision. Additionally, this separation method has
the potential to allow the application of techniques to the
study of these communities with which sediment material
interferes, such as ATP quantification and molecular and isotopic analysis. As part of the development of the method, we
evaluated previously published techniques for separation of
cells from environmental samples and conducted a range of
comparative tests of the various extraction procedures. Here
we present the results of these tests and detail the method that
was most appropriate.

Background
The enumeration of microbial sediment communities traditionally involves diluting a formalin-fixed sediment sample
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with either sodium chloride solution or filtered seawater,
followed by filtering onto a polycarbonate filter (0.2 µm),
introduction of nucleic acid–binding stains, and counting of a
very small aliquot (single to tens of µL) of the slurry with epifluorescence microscopy. Cell enumeration of these samples is
hampered by several problems, including sediment background
fluorescence, undercounting due to shielding of cells from view
by sediment particles, and poor counting statistics due to low
probabilities of cell encounter. For single samples, the
minimum detection limit of such techniques lies in the range
of 105 cells cm–3 (Parkes et al. 2000) and can be higher,
depending on lithology (B. A. Cragg, personal communication) and number of fields examined.
Separation of cells from the sediment matrix can help overcome these problems. Over the past 2 decades, several protocols have been developed to separate cells from a sediment
matrix to more easily analyze microbial abundance (Bard and
Ward 1997; Frischer et al. 2000; Jaspers and Overmann 1997;
Parham et al. 2003; Schneiderheize et al. 2000; Velji and
Albright 1986). Although these methods work well in shallow
or coastal sediments, they have not proved useful with deep
subsurface sediments.
Methods of cell separation traditionally have consisted of 4
general approaches:
• Chemical treatments, which usually use non-ionic (e.g.,
Tween) or ionic (sodium pyrophosphate) detergents, or
both (Frischer et al. 2000). Neugebauer (1990) gives an
overview of the different detergents and their properties
and applications.
• Mechanical treatments, which employ ultrasonic treatment or blenders. However, cell lysis tends to increase
with increasing efficiency in the removal of cells from the
matrix (Lindahl and Bakken 1995).
• Enzymatic treatments, which employ either multiple enzymes
that break down specific compounds (Böckelmann et al.
2003) or industrially available mixtures that break down
many compounds (Johansen et al. 1997). Depending on
biofilm species composition, different enzymatic agents
have significantly different effects on biofilm removal
(Augustin et al. 2004).
• Combinations of the above. Lunau et al. (2005) used a
combination of 10% methanol and ultrasonic treatment
to dislodge particle-associated bacteria in turbid water
samples from the Wadden Sea.
We systematically examined the efficacy and reproducibility of various combinations of these methods. We then optimized the procedures, aiming for high and reproducible yields
and minimal cell lysis. The procedure that produced the
highest and most consistent yields and the lowest detection
limit is described in detail in “Materials and methods.” This is
followed by a discussion and assessment of some of the optimization experiments and the method.

Fig. 1. Flow diagram of the different extraction steps. The volumes of the
reagents and centrifugation speeds depend on the amount of sediment used.

Materials and methods
Cells are separated from the mineral matrix in several steps.
After preparing a primary slurry, carbonates (if present) are dissolved, then extracellular polymers, which bind the cells to
mineral grains, are hydrolyzed. As a final step, the cells are separated from the minerals by density centrifugation. A schematic
overview of the entire procedure is given in Fig. 1. The described
protocol is optimized for enumeration of cells by epifluorescence microscopy. If the cell extract is used for other applications, the protocol may have to be modified. We use formalin
as a fixative, which is incompatible with most molecular techniques; in such cases other or no fixatives have to be used.
Reagent and equipment sterilization—Owing to the very low
numbers of cells in deep subsurface sediments, it is of paramount importance to minimize contamination to achieve a
low detection level. Therefore, all reagents are autoclaved and
filter sterilized (0.1 µm membranes; Whatman Cellulose
Nitrate) to remove all cells. Heat-sensitive reagents (e.g.,
enzymes, fluorescent substrates) are filter sterilized. All
glassware is either combusted (450°C for 3 h) or autoclaved,
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followed by rinsing in ethanol and flaming. The glass filter
towers used for preparing the filters for bacterial enumeration
are flamed with a torch directly before each use. All reagents
are prepared with deionized water.
Blank tests are performed on all reagents to ensure that no
cells are introduced with the deionized water or in any step of
reagent preparation.
Slurry preparation—For each sediment sample, a slurry is
prepared by diluting the sediment sample with NaCl solution
that contains 2% formalin. The concentration of NaCl should
correspond to the salinity of the sample; 0.1% NaN3 instead of
formalin can be used for any further sample dilutions. By
using a fixative in all reagents, growth of introduced cells can
effectively be ruled out.
The volume ratio of sediment to NaCl solution in the slurry
can vary; ratios from 1:3 to 1:500 were successful. The volume
of slurry required for cell quantification largely depends on
the dilution of the slurry and the expected cell abundance. For
a 1:10 slurry, a volume of 100 µL is sufficient for sediments
with as few as 105 cells cm–3.
Carbonate dissolution—It is crucial to dissolve carbonate
minerals before the actual cell extraction because the carbonates interfere with dissolution of the extracellular polymers
that bind the cells to the mineral grains. A solution with a
high acidity but a moderate pH (4.6) is used. This minimizes
the quantity of solution required and does not dissolve the
carbonate too rapidly, thereby avoiding excessive bubbling of
CO2. The solution is an acetate buffer containing 20 mL L–1
(0.43 M) glacial acetic acid and 35 g L–1 (0.43 M) sodium
acetate. The ionic strength of the solution is adjusted to reduce
osmotic stress on the cells, and NaCl is added to correspond to
the salinity of the samples. After autoclaving, 20 mL L–1 of
formalin is added and the solution is filtered (0.1 µm) into a
precombusted glass flask.
In cases where the carbonate dissolution step was necessary
before the extraction, 100 µL sediment slurry was mixed with
500 µL acetate buffer. All carbonates usually dissolved within 2 h.
Vials should be opened several times during the dissolution to
avoid buildup of CO2 overpressure. Carbonate-free slurries are
centrifuged for 5 min at 3000g, and the clean supernatant is
removed and kept for counting, together with the subsequent
supernatants from the detergent mix/methanol treatment. The
remaining pellet is then processed.
The carbonate dissolution mixture must be completely
removed from the sediment, as it can contain enough calcium
ions to interfere with the detergent mix. This is accomplished
by 2 treatments of resuspending the pellet in NaCl solution
followed by centrifugation. The rinsing solution can be combined with the other supernatants from the density centrifugation steps.
Detachment of cells—The slurry (100 µL) or the pellet
remaining from the carbonate dissolution treatment is diluted
with 300 µL NaCl/0.1% NaN3 solution, and 50 µL each of the
detergent mix and methanol are added.
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The detergent mix is made with DI-H2O and contains
37.2 g L–1 (100 mM) disodium EDTA dihydrate, 44.6 g L–1 (100 mM)
sodium pyrophosphate decahydrate, 10 mL L–1 (1 % vol/vol)
Tween 80, and NaCl to approximate the salinity of the sample.
After autoclaving, the solution is cooled while stirring to
avoid separation of Tween 80. Concentrated formalin is then
added to a final concentration of 20 mL L–1, and the solution
is filtered (0.1 µm) into a combusted glass flask. To avoid
problems with precipitation of formalin polymers, the filtered
(0.1 µm) methanol is added directly to each sample. Our standard procedure is to vortex mix for 30–60 min. Longer times
might be needed for other samples. Vortexing for up to 12 h
had no negative effects.
Cell separation by density centrifugation—A cushion of 500 µL
50% (wt/vol) Nycodenz is layered below the slurry with a
syringe and a 12-gauge needle, and the sample is centrifuged
at 3000g for 10 min. The supernatant is carefully removed and
transferred to a separate vial. The remaining Nycodenz is
discarded. The remaining pellet is resuspended in 400 µL
NaCl/0.1% NaN3 solution, and 50 µL each of detergent mix
and methanol is added. Then the vial is sonicated in an icewater bath for 5 × 10 s with 20 s between cycles. The length of
the sonication may vary depending on the type of equipment
and sample size. Addition of Nycodenz and density centrifugation is repeated as described above. After the second round
of density separation, the 2 supernatants are pooled and can
be used for cell counting or other applications.
Cell filtration and staining—The supernatants from the density centrifugation are filtered onto 0.2 µm filters (Whatman
Anodisc) (Jones et al. 1989; Stockner et al. 1990). If the volume
of the pooled supernatants is small (<2 mL), 5–10 mL of filtered (0.1 µm) NaCl/0.1% NaN3 solution should be placed into
the filter tower before the addition of the supernatant to
ensure an even distribution of cells on the filter. The cells are
stained with SYBR Green I according to the protocol of Noble
and Fuhrman (1998) with 0.1% p-phenylenediamine as an
antifade agent. Cells are counted using epifluorescence
microscopy using a blue filter set.

Assessment
Several sediment types were used to test the efficiency of
the procedures. These included coastal mud and deep sea carbonate oozes, clays, and silts. Detailed descriptions are given
in the Appendix.
Assessment of the use of enzymes—There are several published studies that use different enzymes for the detachment
of cells from surfaces; therefore, we checked whether the use
of enzymes improved this procedure.
We tested different carbohydrate-hydrolyzing enzymes (carbohydrases) and protease. The following enzymes were used
(activity in units µL–1): α-glucosidase (0.1), β-glucosidase (0.05),
β-galactosidase (0.05), and protease (0.1). Before assessing the
use of enzymes for the detachment of cells, we determined
the activity of the enzymes under the conditions during the
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Table 1. Enzyme activity after the addition of different amounts of reagents or other enzymes.
α-Glucosidase
% of pure
SD
+50 µL EDTA
+100 µL EDTA
+50 µL Tween 80
+100 µL Tween 80
+50 µL Na-PyroPO4
+100 µL Na-PyroPO4
+50 µL MeOH
+100 µL MeOH
+ α-Glucosidase
+ β-Glucosidase
+ β-Galactosidase
+ Protease

61.5
41.1
40.6
25.5
16.1
11.5
82.8
67.2

24.2
0.9
6.8
2.4
9.0
9.0
1.6
49.9

54.7
103.1
51.6

0.00
0.00
0.00

β-Glucosidase
% of pure
SD
95.1
95.5
88.1
73.7
34.6
20.6
101.6
ND
92.0

3.2
4.5
2.1
3.7
19.9
6.9
2.8
ND
0.00

86.1
91.5

0.01
0.02

β-Galactosidase
% of pure
SD
10.4
6.1
12.6
7.9
47.8
46.9
54.1
46.9
130.1
67.5

0.3
4.4
1.8
0.7
32.9
15.8
17.5
19.8
0.01
0.00

63.9

0.00

Protease
% of pure
64.9
14.4
88.6
89.9
89.8
57.8
56.7
7.2
76.9
85.9
116.6

SD
27.3
0.4
1.9
1.2
0.3
45.6
31.9
3.2
0.02
0.03
0.06

Results are presented as percentage of the activity of the pure enzyme in 2.5% NaCl solution without the addition of any other reagent.
ND = not detected.

extraction by use of fluorescent substrate analogs. Methylumbelliferryl (MUF) substrates were used for the carbohydrases,
and L-leucine-7-amido-4-methyl-coumarin hydrochloride
(LEU-AMC) for the protease.
Because a variety of liquids have been used for the preparation of marine sediment slurries, we assessed their influence
on enzyme activity. The following reagents were used: a) artificial seawater (Instant Ocean Marine Salt Mix), b) sulfate-free
mineral salt solution (in g L–1 deionized water): KH2PO4 0.2,
NH4Cl 0.25, NaCl 25.0, MgCl2*6H2O 5.0, KCl 0.5, CaCl2*2H2O
0.15, NaHCO3 1.25; and c) 2.5% NaCl solution.
Compared with 2.5% NaCl, the enzymatic activity in artificial seawater and sulfate-free mineral salt solution was about
30% and 10% lower, respectively. Precipitation occurred when
the detergent mix was added to the sulfate-free mineral salt
solution and artificial seawater. The precipitation was caused
by calcium and magnesium ions. Due to the lower enzymatic
activity and the formation of precipitates, all further experiments were conducted in 2.5% NaCl solution.
A matrix of all possible combinations of enzymes and
reagents was created to assess the effect of the reagents (Tween
80, EDTA, Na-Pyrophosphate, methanol) on the different
enzymes, as well as the interference among enzymes (Table 1).
We did not test the effect of enzymes on the efficiency of the
detergents or the methanol but assume it to be negligible.
Due to effects of the different enzymes and reagents on
each other, the following order was established to minimize
interferences and maximize enzyme activity: 1. carbohydrases,
2. protease, 3. detergent mix, 4. methanol. The order of steps
3 and 4 can be switched. We also tested the effect of the
preservatives on enzyme activity. Sodium azide at 0.1%
(wt/vol) had no effect on enzymatic activity, whereas 2.5%
formalin completely inactivated the enzymes.
Density centrifugation—Three density liquids were tested
in various concentrations: glycerol, Percoll, and Nycodenz.

Glycerol (Bott and Kaplan 1985) and Percoll were used pure or
diluted with deionized H2O to the desired density. Nycodenz
(Rickwood et al. 1982) is delivered as a powder and concentrations of up to 80% (wt/vol) can be achieved. As we were only
interested in the separation of cells from the sediment, we did
not use a density gradient but placed a cushion with a uniformly
higher density underneath the sample (Priemé et al. 1996).
Separation of cells from the sediment matrix through centrifugation on a cushion of glycerol and Percoll did not yield
satisfactory results, regardless of density, rotor speed, and centrifugation time. The supernatants either had lower yields of
separated cells than those separated with Nycodenz or contained many sediment particles as well as organic matter.
Nycodenz at 50% (wt/vol) (density ~1.265 g cm–3) produced
the best results, with relatively clean supernatants and high
cell yields. Lower concentrations (20% to 40%) produced
cleaner extracts but had lower yields, whereas at higher concentrations (60% to 80%), the supernatants still contained
debris. All subsequent experiments were therefore conducted
with 50% (wt/vol) Nycodenz.
Ultrasonic experiments—To determine the influence of ultrasonic treatment on cell integrity, we prepared a cell extract by
taking 10 mL of a coastal sediment from Salt Pond Marina
(SPM), Rhode Island, diluted it with 10 mL 2.5% NaCl/0.1 %
NaN3 solution, and centrifuged it at 3000 g for 20 min to get
a clear supernatant. Aliquots of this extract were then exposed
to different lengths of treatment with an ultrasonic probe
(Sonic Dismembrator 60; Fisher Scientific). After each treatment, the cells were counted. To avoid cell disruption and
sample contamination when using the ultrasonic probe, the
tip of the probe was not directly placed into the sample but in
a 20-mL glass beaker filled with ice water and containing up to
5 1.5-mL vials. The power of the probe was set to ~15 W.
Up to 3 × 10 s of sonication did not lyse cells, but longer
sonication times apparently caused lysis (Fig. 2). Consequently,
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Fig. 2. Effect of ultrasonic treatment on cells. The treatment was conducted in 10-s intervals with a 10-s break between treatments.
the sediment extractions were performed with 3 × 10 s sonication with the vials placed in an icewater bath as described above.
About 30% of the cells still remained in the pellet after a
single density separation, regardless of whether sonication was
used. Therefore the pellet was resuspended and sonicated
again, followed by another round of density centrifugation.
To determine the extent to which multiple density centrifugations affect cell recovery, 10 density separations were sequentially conducted on 1 sample of SPM sediment (Fig. 3). The percentage of cells in the pellet dropped from 43.3 ± 4.1% in the
first extraction to 29.5 ± 6.0% in the second extraction. After
the second extraction, cell numbers in the pellet declined
slowly but steadily to 10.0 ± 1.1% in the 10th extraction.
Based on these results, we use 2 consecutive density separations in the optimized procedure, as a compromise between
cell recovery and processing time. To minimize the possibility
of cell lysis, ultrasonic treatment is used only before the second density centrifugation.
Pure culture experiments—To test whether the carbonate dissolution step or the cell separation had an effect on cell recovery or caused lysis, two pure cultures (Clostridium pasteurianum
Winogradsky, ATCC #6013, and Desulfovibrio vulgaris subsp.
Vulgaris, strain Hildenborough, ATCC #29579) were dispensed
into a solution containing 2.5% NaCl and 2.5% formalin. Subsamples were either immediately filtered and stained or
processed with the optimized cell extraction procedure including the carbonate dissolution step. Compared to the untreated
samples, 98.5 ± 14% of the cells were recovered. Because the
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Fig. 3. Extraction efficiency over 10 consecutive extractions. For the first
extraction, no ultrasonic treatment was used. Total cell numbers started
to decrease after the seventh extraction; therefore the total cell number
(extract + pellet) was normalized to 100% for each extraction step for
easier comparison between extract and pellet.

carbonate dissolution has no negative effect on extraction efficiency, it could be used for any sample, regardless of carbonate content. However, it is time consuming and unnecessary
for low-carbonate sediments.
Sediment extraction experiments—Subsamples of the SPM
coastal mud and subsamples of a carbonate ooze (Biotrans)
from 2 different depths, 0–1 cm (BT1) and 8–10 cm (BT2),
were exposed to different combinations of treatments.
Based on the results of the enzyme experiments (Table 1),
the different treatments had the following order: 1. carbohydrases (0.5 U), 2. protease (0.5 U), 3. detergent mix (50 µL), and
4. methanol (50 µL). For each sample, sediment slurry (100 µL,
1:10 dilution) was dispensed into a sterile 1.5-mL microcentrifuge tube and mixed with 400 µL 2.5% NaCl/0.1 % NaN3
solution plus the respective enzyme/reagent and shaken on a
vortex mixer for 12 h for each step. For these experiments, the
sediments were not pretreated by carbonate dissolution.
The bar graphs in Fig. 4 show the number of cells extracted
with each of the different treatments. Although the effectiveness of the various treatments depended on the type of sediment, for all 3 sediments the detergent mix/methanol treatment (extraction no. 10) delivered the highest yield of
extracted cells. With this mixture, 62 ± 34% of the total cells
(supernatant plus pellet) remained in the pellet of the carbonate-containing BT sediments, whereas only 30 ± 4% remained
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Fig. 4. The table on the left shows the different treatments applied. The bar graphs on the right show the numbers of cells found in the extract after
the respective treatments. Error bars represent 1 standard deviation based on triplicates.
in the pellet of the carbonate-free SPM sediment. Because the
ion-binding capacity of the detergent mix is at least an order
of magnitude too low to bind all calcium from the BT sample,
the carbonate dissolution step was introduced to remove carbonate before the actual extraction.
Comparison of new and conventional techniques—After the
cell separation procedure was optimized, we tested its efficiency in two ways: (1) Total efficiency of the new technique
was compared to nonseparated “conventional counts.” For
both approaches, the cells were stained with SYBR Green I
rather than Acridine Orange (AO). In the past, most conventional cell counts of subseafloor sediments used AO or
DAPI (Fry 1990; Parkes et al. 2000), but owing to its superior
specificity and fluorescence, SYBR Green I is now rapidly
replacing these stains. Therefore we refer to nonseparated
samples as “conventional counts” regardless of the stain
used. (2) Relative efficiency, i.e., the ratio between cells in
the supernatant versus cells remaining in the pellet, was
checked by resuspension of the pellet in 200 µL 2.5%
NaCl/0.1% NaN3 solution, followed by conventional counting of an aliquot.
Four sediments were treated according to protocol no. 10
described in Fig. 4. The carbonate-containing sediments

(BT2 and LAP) were first treated with the carbonate dissolution mix, whereas the carbonate-free sediments (SPM and
WAST) were extracted without pretreatment. For BT2 and LAP
sediments, the conventional counts were prepared both with
and without carbonate dissolution pretreatment.
The numbers of cells on the filter varied by about 2 orders of
magnitude because of the wide range of types and volumes of
sediment used. In the cell extracts, there were usually between
200 and 400 cells in 200 fields of view at 100× magnification,
whereas for the conventional counts only 4–20 cells and 40–80
cells were found in 200 fields of view in the carbonate-bearing
samples and carbonate-free samples, respectively.
The overall extraction efficiency relative to conventional
counts (extracted cells compared to untreated conventional
counts) was 65 ± 14% for BT and 107 ± 25%, 93 ± 25%, and
99 ± 19% for LAP, SPM, and WAST, respectively. The extracts
of LAP, WAST, and SPM sediment all fall within 1 standard
deviation of the conventional counts. BT is slightly lower, but
is within 2 standard deviations (Fig. 5).
In the conventionally prepared samples, the numbers of
cells observed are low, and most fluorescence is actually
caused by sediment particles. The extracts contain many more
cells and lack sediment particles. Consequently, the extracts
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precision (Fig. 7). The cell separation procedure allowed us to
use ~6 times more sediment for counting than could be used
for a conventional count. The number of cells per field of view
increased accordingly, from 0.15 ± 0.09 for the conventional
method to 0.96 ± 0.04 for the extract. With the increase in cells
per field of view, the relative standard deviation drops from
60% for the conventional method to 4.2% for the extract.

Discussion and conclusion
Conventional counts of deep subseafloor sediments have a
high uncertainty and a high detection limit as a result of the
low total number of cells counted. This results from (1) the
limited number of fields of view that can be practically analyzed and (2) the low number of cells per field of view. Thus,
with conventional counting, much of Earth’s subsurface life
remains undetectable, and significant variability in cell abundance may pass unnoticed.
The lower limit of detection is ultimately controlled by counting statistics. In practice, variability in the blank (cells due to
contamination of reagents and during handling) and yield can
actually determine the detection limit. However, if the blank is
negligible, the detection limit can be defined as the number of
cells required in a sample for one cell to be detected with a specified probability. When counting, Cfov fields of view on a filter
whose total area has Tfov, total fields of view, the number of cells,
n, required to give a probability p of detecting 1 cell is given by
Fig. 5. Extraction of cells for different sediments and treatments. The
light gray bar indicates the extracted cells, the darker bars indicate the
total counts (pellet plus extract), and the white bars indicate the conventional counts. Error bars indicate 1 standard deviation based on triplicates.
Note the different x-axes on the graphs.

image much more clearly than the conventional samples and
are much easier to count (Fig. 6).
Application of the cell separation procedure to deep subseafloor
sediments—Because of the limited availability of deep subseafloor sediment samples, we used sediments from close to
the sediment–water interface for method development and
assessment of the different steps. To evaluate the overall effectiveness of the optimized cell separation procedure with deep
subseafloor sediments, we used sediments from Integrated
Ocean Drilling Program Expedition 302 (Arctic Coring Expedition, ACEX) and compared counts of the separated cells to
conventional counts of the same samples.
For each ACEX sample, an aliquot of a 1:10 slurry was diluted
to 1:500 with 0.1-µm filtered 2.5% NaCl with 2% formalin. A
200-µL aliquot of the 1:500 slurry was transferred to a sterile
1.5-mL vial, and cell separations were conducted as described
above and as shown in Fig. 1. For the comparative conventional
counts, a 20-µL aliquot of the 1:500 slurry was placed directly on
an Anodisc filter, stained with SYBR Green, and counted.
The extracted cell counts averaged 78% of the cell counts of
the bulk sediments, but with significantly (P < 0.01) better
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n=−

T
C

fov

ln(1 − p) (1)

fov

When using a standard 100× magnification epifluorescence
microscope, the diameter of the field of view is ~310 µm, and
the total number of fields of view Tfov of a 23-mm diameter filter is 5500. Thus when 200 fields of view are counted, for a
95% probability of detecting at least 1 cell, 83 cells are
required in the sample. This translates to a detection limit of
~105 cells cm–3 for the conventional counting method, assuming 10 µL of a 1:10 sediment slurry are used.
For a constant number of fields of view counted, the detection limit scales inversely with the quantity of sediment
processed. Thus our method has a detection limit of 102 cells
cm–3 when 1 cm3 of sediment is used, 3 orders of magnitude
lower than the conventional method. Counting uncertainty is
given by the square root of the number of cells counted. This
leads to a relative uncertainty that is given by the inverse root
of the number of cells counted. Thus, the relative uncertainty,
due to counting statistics, of a 1-cm3 sample determined with
our method is 1.5 orders of magnitude smaller than that determined by the conventional method.
There is a limit to sediment volumes that can be practically
analyzed. For sample volumes of more than 10 mL, the
amount of density liquid very soon becomes impractical to
handle and also rather expensive. Additionally, even with relatively efficient density separation, some sediment particles
will end up in the supernatant and eventually on the filter. If
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A

C

B

D

Fig. 6. (A) LAP sediment prepared conventionally: only one cell is visible, everything else is sediment particles. (B) LAP sediment extract: no sediment
particles and significantly more cells. (C) SPM sediment prepared conventionally: only very few cells. (D) SPM sediment extract: significantly more cells.
The scale bar in each picture is 20 µm.

the particles become too numerous, they will shield cells from
view. The maximum volume of sample can vary and has to be
determined for each type of sediment; from our experience,
approximately 1 cm3 sediment seems to be the maximum
amount that can be handled with reasonable effort.
Our tests with 5 different sediments show that extraction
efficiency is similar, independent of the type of sediment
(Figs. 5 and 7). Although the extraction does not yield 100%
of the cells, the gain in accuracy due to better counting statistics compensates for the loss in total cell numbers. This can be
seen in the ACEX samples, where the average cell number
derived from the extracts is ~75% of the conventional counts
and the relative standard deviation is 10% compared with
24% for the conventional counts. The standard deviation is

not significantly different from that expected based on counting statistics, indicating that counting statistics rather than
variations in yield are principally responsible for the total variance. Despite a lower average count (because the yield is less
than 100%), the extracts fall within 1 standard deviation of
the conventional counts in 9 of 13 sampled horizons, owing
to the fact that the standard deviation of the conventional
counts is so large.
It may be possible to greatly reduce the time required for
cell enumerations by coupling the separation method with
flow cytometry. Flow cytometry has been successfully applied
for cell counting in freshwater sediments with high cell abundances (Duhamel and Jacquet 2006). Recent advances in flow
cytometry and CARD-FISH labeling (Pernthaler et al. 2002)
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multicorer in 4046 m water depth at 16°13′N, 60°16’E. It consists of very fine reddish brown clays. The core was sliced into
1-cm sections, packed in plastic bags, and stored at –20°C until
analysis.
North East Atlantic, Station Biotrans (BT)—The sediment was
collected during RV METEOR cruise M 21/6 in 1992 with a
multicorer in 4560 m water depth at 47°N, 20°W. It consists of
beige carbonate ooze. The core was sliced into 1-cm sections,
packed in plastic bags, and stored at –20°C until analysis.
Slurries were prepared from samples from 2 different depths,
0–1 cm (BT1) and 8–10 cm (BT2).
Subseafloor Arctic Ocean (ACEX)—Cored at Lomonosov Ridge
during Integrated Ocean Drilling Program (IODP) Leg 302, Arctic Coring Expedition (ACEX) in 2004 at 88°55′N, 139°30’E in
1209 m water depth. It consists of silty clays and diatom ooze.
The samples were taken immediately after retrieval of the core
and fixed in 0.1 µm filtered seawater with 2% formalin. These
slurries were stored at 4°C in the dark.

References
Fig. 7. Extraction efficiency for ACEX Sediments, IODP Expedition 302,
counted with both the conventional and the new method.

allow for the enumeration of cells and the detection of specific
phylogenetic groups in seawater samples (Sekar et al. 2004).
This method is still not fully quantitative and has not been
successfully applied to sediments owing to reactions between
minerals and the fluorescent probes and clogging of the system by minerals. The new separation technique has the potential to overcome these problems by producing clean cell
extracts. Additionally, the clean separation of cells from sediment may allow the use of molecular techniques with which
sedimentary components interfere.

Appendix: Sediment Description
With the exception of the Arctic Coring Expedition (ACEX)
samples, all samples were from the upper 10 cm of the sediment column.
Salt Pond Marina (SPM)—The sediment was collected by
hand in a water depth of ~0.2 m at the Salt Pond Marina in
South Kingstown, Rhode Island, USA, at 41°23’N, 71°31’W. It
is a dark brown to black, clay-rich sand with high organic carbon content. Salinity in the marina is approximately 29 psu.
The sediment was stored in a plastic bag in the dark at 4°C.
Laptev Sea (LAP)—The sediment was collected during
Polarstern cruise ARK-IX/4 in 1993 with a multicorer in 3237 m
water depth at 79°14’N, 122°51’E. It consists of light gray to
greenish carbonate sands with clay. The core was sliced into
1-cm sections, packed in plastic bags, and stored at –20°C until
analysis.
Western Arabian Sea, WAST Station (WAST)—The sediment
was collected during RV SONNE cruise SO 118 in 1997 with a
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